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ABSTRACT 
Matrix vesicles (MVs) are a class of extracellular vesicles that initiate mineralization in cartilage, 
bone, and other vertebrate tissues by accumulating calcium ions (Ca2+) and inorganic phosphate 
(Pi) within their lumen and forming a nucleation core (NC). After further sequestration of Ca2+ and 
Pi, the NC transforms into crystalline complexes. Direct evidence of the existence of the NC and 
its maturation have been provided solely by analyses of dried samples. We isolated MVs from 
chicken embryo cartilage and used atomic force microscopy peak force quantitative 
nanomechanical property mapping (AFM-PFQNM) to measure the nanomechanical and 
morphological properties of individual MVs under both mineralizing (+Ca2+) and non-
mineralizing (–Ca2+) fluid conditions. The elastic modulus of MVs significantly increased by 4-
fold after incubation in mineralization buffer. From AFM mapping data, we inferred the 
morphological changes of MVs as mineralization progresses: prior to mineralization, a punctate 
feature, the NC, is present within MVs and this feature grows and stiffens during mineralization 
until it occupies most of the MV lumen. Dynamic light scattering showed a significant increase in 
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hydrodynamic diameter and no change in the zeta potential of hydrated MVs after incubation with 
Ca2+. This validates that crystalline complexes, which are strongly negative relative to MVs, were 
forming within the lumen of MVs. These data were substantiated by transmission electron 
microscopy energy dispersive X-ray and Fourier transform infrared spectroscopic analyses of dried 
MVs, which provide evidence that the complexes increased in size, crystallinity, and Ca/P ratio 
within MVs during the mineralization process. 
 
GRAPHICAL ABSTRACT 
 
 
HIGHLIGHTS 
• The maturation of the nucleation core was shown in hydrated matrix vesicles, whereas previous 
studies analyzed dried vesicle samples 
• Using dynamic light scattering and zeta potential analyses, Ca-P complexes were shown to form 
primarily within hydrated matrix vesicles 
• Peak force quantitative nanomechanical atomic force microscopy showed the morphological 
and physical progression of nucleation core mineralization within hydrated matrix vesicles  
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• Within the lumen of the matrix vesicles, the nucleation core increases in stiffness, size, and 
crystallinity during mineralization 
 
Keywords: Matrix vesicles, nucleation core, mineralization, elastic modulus, atomic force 
microscopy 
 
1. INTRODUCTION 
Matrix vesicles (MVs) are a class of extracellular vesicles that bud from the plasma membrane 
of mineralization-competent cells, such as chondrocytes, osteoblasts, and odontoblasts, and play a 
key role in both physiologic and ectopic mineralization processes in cartilage, bone, and other 
vertebrate tissues [1-4]. MV-driven mineralization is considered a biphasic process: crystalline 
apatite minerals form inside MVs (phase I) and crystals released from MVs propagate on collagen 
fibrils (phase II) [1]. The ability of MVs to induce the formation of crystalline apatites resides in 
the presence of a nucleation core (NC) in the lumen of nascent vesicles. The first experimental 
evidence of the existence of the NC inside MVs was obtained approximately five decades ago by 
means of transmission electron microscopy (TEM) imaging and X-ray diffraction (XRD) analysis 
on growth plate cartilage tissues [5, 6]. Successive optimization of isolation methods enabled the 
routine collection of intact and biologically active MVs [7, 8]. As a result, changes in the chemical 
composition of the NC inside MVs following incubation in mineralizing synthetic cartilage lymph 
(SCL) – a buffer matched to the pH, osmolarity, and electrolyte concentrations of hypertrophic 
cartilage lymph – could be studied [9, 10]. Fourier transform infrared spectroscopy (FTIR), Fourier 
transform Raman spectroscopy, and XRD were used to confirm the presence of mixtures of 
calcium phosphate complexes, including apatites, attached to MVs [1-4, 11, 12]. However, it was 
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not unequivocally established if the apatites were formed inside or outside MVs and the 
physicochemical properties and function of the NC were not described. A subsequent study 
successfully isolated the NC by removing the MV membrane phospholipids with a detergent and 
revealed the morphology and chemical composition of the NC [13]. The NC is made of amorphous 
clusters of calcium (Ca2+) and inorganic phosphate (Pi) ions stabilized by phospholipids (primarily 
phosphatidylserine (PS) and cholesterol) and proteins (primarily annexin A5). It has a variety of 
unique physical properties, including acid-lability, low solubility in aqueous buffer, and 
metastability, that support its role as a mediator of mineral precursor ion uptake and a nucleator 
for apatite precipitation [1, 13, 14]. Although these reports gave exhaustive information about the 
physicochemical properties of the NC and the mineral deposits formed within the MVs, dried 
samples were used and thus the reports could not provide indications about the location and 
morphology of NC nor the dynamic processes of crystal formation driven by hydrated MVs. 
Maintaining MVs in a hydrated state during analysis may be also crucial since the first crystals 
formed are surrounded by a hydration shell, which is a site of intense ion exchange between the 
crystals and surrounding fluids and is progressively lost during crystal maturation [15]. 
Recent innovations in atomic force microscope (AFM) instrumentation and probe 
nanofabrication have facilitated the acquisition of nanoscale-resolution topographical and 
quantitative nanomechanical data from samples in fluid [16-19]. Additionally, improved force 
control during imaging has enabled the study of fragile, hydrated biological samples with elastic 
moduli in the low kPa to MPa regime [16]. The nanomechanical characterization of structures 
enclosed by lipid bilayers has particularly benefited from these advancements: whole living cells 
[17-21], platelets [22], liposomes [23-25], and cell-derived vesicles, including synaptic vesicles 
[26] and exosomes [27, 28], have been successfully characterized with modern fluid-based AFM 
methods. To date, MVs and MV mimetics, such as proteoliposomes, have been exclusively imaged 
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in dried states using older AFM imaging methods [29, 30]. Recently, we investigated the 
morphology of dried MVs and the viscoelastic properties of their lumen by means of AFM phase 
imaging [29]. Herein, we assessed the changes in the nanomechanical and morphological 
properties of individual MVs triggered by the addition of Ca2+ to SCL buffer by using fluid-based 
AFM operated in peak force quantitative nanomechanical mapping mode (AFM-PFQNM). 
Dynamic light scattering (DLS) was used to measure the size and surface charge (zeta potential) 
of a population of hydrated MVs before and after the mineralization trigger and provided 
information about the localization of the formed crystalline complexes. These analyses were 
complemented by assessing the changes in the chemical composition of the vesicle lumen by 
means of transmission electron microscopy energy dispersive X-ray spectroscopy (TEM-EDX) 
and FTIR analyses on dried MV samples. AFM-PFQNM has enabled us to quantitate the physical 
progression of MV-driven mineralization at a single vesicle level under biologically-relevant 
conditions.  
 
2. EXPERIMENTAL METHODS  
2.1. Matrix vesicle isolation 
MVs were isolated from 17-day-old chicken embryos by a collagenase digestion method [8]. 
Growth plates and epiphyseal cartilages were cut in 1-3 mm thick slices and washed in ice cold 
SCL buffer (1.42 mM NaH2PO4⋅H2O, 1.83 mM NaHCO3, 12.7 mM KCl, 0.57 mM MgCl2, 5.55 
mM D-glucose, 63.5 mM sucrose, 16.5 mM TES, 100 mM NaCl, and 0.57 mM Na2SO4) diluted 
1:4 in water. The slices were incubated in SCL containing 1 mM CaCl2⋅H2O and collagenase type 
I A (200 U/g tissue, Sigma-Aldrich, St. Louis, MO) at 37ºC for 3 h, filtered and centrifuged at 
13,000 ´ g for 20 min at 4ºC. The pellet was discarded, and the supernatant was centrifuged for 60 
min at 80,000 ´ g and 4ºC. Next, the supernatant was discarded, and the pellet was washed with 
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SCL to remove the calcium and collagenase. The MV-enriched pellet was suspended in SCL and 
the total protein concentration of each sample fraction was 0.5–1.8 mg/ml as determined by a 
Bradford protein assay kit (Thermo Fisher Scientific, Waltham, MA) performed at 37ºC with 
absorbance measured at 562 nm.  
For all experiments, SCL buffer supplemented with 2 mM CaCl2 was used as a mineralization 
trigger. This recapitulates the Ca2+ concentration found in the hypertrophic epiphyseal cartilage 
fluid of chickens [10] and is the concentration required for the maximal rate of uptake into MV 
mimetic proteoliposomes [31]. 
 
2.2. Turbidity measurement 
MVs (~250 µg total proteins/ml) were dispersed in SCL containing 3.42 mM NaH2PO4⋅H2O and 
the turbidity was measured at 340 nm for 200 min at 37ºC with and without 2 mM Ca2+ using a 
SpectraMax M5e Multi-Detection microtiter plate reader (Molecular Devices, San Jose, CA) and 
served as an indicator for mineral formation. Three independent measurements were performed. 
 
2.3. Tissue-nonspecific alkaline phosphatase enzymatic activity  
The activity of tissue-nonspecific alkaline phosphatase (TNAP, UniProtKB Q92058) present in 
the MV membrane was measured using the ALP Yellow para-nitrophenyl phosphate (pNPP) 
Liquid Substrate System for ELISA (Sigma-Aldrich) [32]. Aliquots (10 µl) of MVs (~20 µg total 
protein/ml) were mixed with 200 µl of p-NPP into a 96-well plate at 37ºC for 5 min, and the 
absorbance was recorded at 405 nm for 200 min using a microtiter plate reader. Three independent 
measurements were performed. TNAP activity was calculated as the number of enzyme units (U) 
per mg of total protein (1 U corresponds to 1 µmol of pNPP hydrolyzed per min). 
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2.4. Dynamic light scattering 
MVs were incubated at 37ºC in SCL with and without 2 mM Ca2+ for 24 h, diluted 1:10 in their 
respective SCL buffers and gently centrifuged to pellet any large debris. The supernatants were 
collected and the Z-average hydrodynamic diameter and zeta potential of hydrated MVs were 
measured via DLS on a Zetasizer Nano ZSP instrument (Malvern Panalytical Ltd, Malvern, United 
Kingdom). To minimize electrode degradation during zeta potential measurements, each MV 
sample was directly injected into the optical window of a DTS1070 folded capillary zeta cell 
(Malvern Panalytical Ltd) prefilled with sample-matched SCL buffer. 
 
2.5. Peak force quantitative nanomechanical AFM  
AFM images were acquired in Peakforce Tapping Mode with Peakforce-HiRs-F-A probes 
(nominal spring constant = 0.35 N/m; nominal end radius = 1 nm; low profile silicon nitride 
cantilever and etched pyramidal silicon crystal tip) and an Icon Scanning Head on a Dimension 
Fastscan System (Bruker Nano Surfaces, Santa Barbara, CA). We chose a sharp AFM probe with 
low spring constant, low hydrodynamic drag, and precise force control so as to maintain low 
indentation volume relative to vesicle volume during imaging. For the more deformable MV 
sample without added Ca2+, the average percent volume indented during each force curve was 
0.21–0.29% and the 95th percentile of indentation was 0.68–0.92%. As described in a recent study 
and validated empirically during our AFM parameter optimization, the apparent elastic modulus 
of liposomes and other membrane-bound particles increases when an indenter generates an 
osmotic restoring force resulting from compression of the fluid volume enclosed within the 
membrane [33]. Probe selection and imaging parameter optimization is critical to limit 
compression of the vesicles. 
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Each probe was individually calibrated in accordance with current best practices: deflection 
sensitivity was calibrated with a minimum of 30 force curves with 800 pN applied force on a clean 
glass surface after 20 min thermal equilibration with sample-matched buffer and the cantilever 
spring constant (k) was calibrated using a thermal tune method with appropriate correcting factors 
[34-39]. The probes had measured spring constants in the range of 0.15–0.17 N/m. All buffers 
were prefiltered through sterile 0.1 µm hydrophilic polyvinylidene fluoride membranes. The 
calibration force was set four times greater than the imaging force to minimize error in the 
deflection sensitivity calculation and to increase the end radius of the probe to approximately 8 nm 
(Figure S1). This prevented puncturing the MV particles during imaging. For sharp probes, the 
wear during calibration is critical to ensure a consistent tip size and shape throughout each 
experiment. After the experiments, the spherical end radius and vertical half angle of the probes 
was measured using a Helios Nanolab 660 DualBeam (FEI Materials & Structural Analysis 
Division, Hillsboro, OR) focused ion beam and scanning electron microscope (SEM) for 
indentation analysis (Supplementary Methods and Figure S1). SEM images showed that the 
probes had end radii in the 7–9 nm range and that at least the terminal 150 nm end of the probes 
were closely conical in geometry (Figure S1). This is significantly greater than the maximum 
observed MV indentation (80 nm), so conical indentation models should theoretically apply. 
Sample substrate was prepared by incubating 0.01% aqueous poly-L-ornithine (PLO; Sigma-
Aldrich) at 21ºC on freshly cleaved mica discs (Ted Pella, Redding, CA), rinsing with water, and 
drying under vacuum. MVs were incubated in SCL with and without 2 mM Ca2+ at 37ºC for 24 h, 
diluted 1:10 in their respective SCL buffers and gently centrifuged to remove large debris. Twenty-
five microliters of the supernatant were then incubated on a PLO-mica surface at 21ºC for 2 h, 
rinsed with sample-matched SCL buffer, thermally equilibrated on the AFM under a column of 
buffer for at least 20 min, and imaged at 21ºC in buffer.  
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Individual MVs were documented with 500 nm scans at 0.5 Hz and 256´256 resolution with 
200 pN applied peak force and 75 nm peak force amplitude in a single scan direction and all force 
curves were collected in a peak force capture file (PFC). The elastic moduli of MVs were computed 
in Nanoscope Analysis 1.9 (Bruker Nano Surfaces) from the PFC using the Briscoe-Sebastian-
Adams (BSA) conico-spherical indenter model [40]. The BSA model was chosen over 
conventional models because the average MV indentation depth was not sufficiently large for the 
Sneddon conical indenter model [41] nor sufficiently small for the Hertzian spherical indenter 
model [42] to apply (Figure S2). Furthermore, the BSA model best fit the trajectory of MV force 
curves acquired from various indentation depths (Figure S3). The loading (approach) and 
unloading (retract) portions of the force curves were synchronized using the mica substrate as a 
hard reference, all force curves were baseline fitted to the initial 10–50% of the loading curve tip-
sample separation distance, and the BSA indenter model was fitted to the contact region of the 
loading curve corresponding to 15–80% of the peak applied force. Unloading curves are typically 
used for calculating elastic moduli [43-45], but strong adhesion was observed in the unloading 
curves of >85% of the measured MVs. The average elastic modulus calculated from the unloading 
curves was 30% greater than the value calculated from the loading curves (Figure S4). Minimal 
hysteresis between the loading and unloading curves was observed, which indicates minimal 
viscoelastic dissipation of energy, so the majority of this difference can be attributed to adhesion. 
Low hysteresis also enabled us to approximate MVs as elastic. Since the BSA model does not 
account for adhesion and loading curves can be reasonably employed for elastic materials [40], we 
chose to use the loading curves for our analysis as they provided a more accurate fit. To minimize 
artifacts from the substrate-to-MV transition, force curves from the highly sloped edges of each 
MV were omitted from analysis. A minimum of 235 force curves about the region of maximum 
height of each MV were analyzed. Elastic modulus values were calculated from the loading curves 
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assuming a 0.5 Poisson’s ratio [46-48] and averaged to yield the elastic modulus of each MV. This 
approach was also applied to unloading curves and to the average of loading and unloading curves 
(Figure S4). The elastic modulus describes the resistance to deformation when an elastic material 
is subject to an applied force; a higher elastic modulus implies a stiffer MV and a lower elastic 
modulus implies a softer MV.  
 
2.6. TEM-EDX and FTIR spectroscopy  
MVs were incubated at 37ºC in SCL with and without 2 mM Ca2+ for 24 h and briefly centrifuged 
at 2000 ´ g. The supernatants were collected and dropped onto a Formvar-carbon 300 mesh Ni 
grid to record TEM images and EDX spectra by a JEM-1400 microscope (JEOL USA, Inc., 
Peabody, MA) equipped with an INCA energy dispersive X-ray microanalysis system (Oxford 
Instruments plc, Abingdon, United Kingdom) and a 11 Megapixel MORADA G2 camera 
(Olympus Soft Imaging Solutions GmbH, Münster, Germany). The MVs were counterstained with 
2.5% (by volume) uranyl acetate in EtOH, washed in 50% EtOH (by volume) and deionized water, 
and then dried [32]. The spectral and compositional analyses were carried out on point 
measurements of elements in TEM images and the Ca/P ratio calculated for each sample. After 24 
h of incubation at 37ºC in SCL with and without 2 mM Ca2+, MVs were dried and dropped onto a 
diamond attenuated total reflection cell to record FTIR spectra on a Nicolet iS10 system (Thermo 
Fisher Scientific). Six infrared spectra from three independent MV samples were measured at two 
distinct locations and averaged.  
 
2.7. Statistical analyses 
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DLS and AFM data are presented as mean ± standard deviation and all other data are presented 
as mean ± standard error. Statistical significance was assessed with unpaired, two-tailed t-tests 
(n.s. = not significant; * p < 0.05; ** p < 0.01 in all figures).  
 
3. RESULTS  
3.1. Turbidity analysis and TNAP activity assay to assess MV functionality 
The functionality of MVs isolated by the collagenase digestion method were validated by 
measuring the changes in turbidity (Figure 1A) and TNAP activity (Figure 1B) after incubation 
of MVs in SCL devoid of Ca2+ (MV Neat) and supplemented with 2 mM Ca2+ (MV+Ca2+). Within 
200 min of incubation, the turbidity of MVs in the presence of Ca2+ increased, but remained low 
in the absence of Ca2+ (Figure 1A), which is consistent with functional MVs [8, 49]. Control 
experiments showed that the addition of Ca2+ to SCL did not induce any changes in turbidity 
(Figure 1A). TNAP activity present in the MV membrane was approximately 35 U/mg under non-
mineralizing conditions and showed a significant decrease after 200 min of incubation with Ca2+ 
(Figure 1B), which is also consistent with functional MVs [50, 51]. 
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Figure 1. Characterization of MV functionality by turbidity and TNAP activity analyses. (A) 
Turbidity time course data from MV solutions with (MV+Ca2+) and without (MV Neat) Ca2+. SCL 
buffer with (SCL+Ca2+) and without Ca2+ (SCL) were used as negative controls. (B) TNAP activity 
assay of MVs before Ca2+ addition (MV Neat) and 200 min after addition (MV+Ca2+). 
 
3.2. DLS analysis of hydrated MVs to determine vesicle size and zeta potential 
Hydrated MVs in SCL were analyzed by DLS to acquire bulk measurements of MV diameter and 
zeta potential. DLS analysis showed that incubation with 2 mM Ca2+ led to a significant increase 
in the hydrodynamic diameter of the MV population from 160 ± 40 nm (polydispersity index (PDI) 
= 0.196) to 190 ± 50 nm (PDI = 0.285) (Figure 2A). However, the zeta potential did not show a 
significant difference before (-8.8 ± 0.8 mV) and after (-9 ± 1 mV) incubation with Ca2+ (Figure 
2B).  
 
3.3. AFM-PFQNM analyses of individual hydrated MVs to compute elastic modulus 
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MVs were immersed in SCL with or without Ca2+ for 24 h, immobilized on PLO-mica substrates, 
and individual vesicles were imaged in buffer by AFM-PFQNM. Since the zeta potential data 
showed that MVs are negatively charged, we chose a positively charged PLO surface to which 
MVs were electrostatically adsorbed for the AFM-PFQNM studies. The elastic modulus of 
individual MVs significantly increased from 230 ± 90 kPa for MV Neat to 900 ± 700 kPa for 
MV+Ca2+ (Figure 2C). Representative modulus maps illustrate this increase (Figure 2D). 
 
 
Figure 2. Characterization of NC mineralization by DLS and AFM-PFQNM measurements of 
hydrated MVs. MVs were incubated in SCL devoid of Ca2+ (MV Neat) or supplemented with 2 
mM Ca2+ (MV+Ca2+) for 24 h. (A) Hydrodynamic diameter (n = 25 measurements per group) and 
(B) zeta potential (n = 10 measurements per group) of MV samples. (C) Elastic modulus data 
calculated from AFM micrographs of individual vesicles acquired in PFQNM mode (n = 11 
vesicles per group, data calculated from loading curves). Each marker corresponds to the average 
elastic modulus of a single MV and the horizontal bar is the mean of the group. Hollow markers 
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correspond to individual MVs shown here and in Figure 3. (D) Modulus maps of representative 
individual vesicles.  
 
3.4. AFM mapping to evaluate morphology of individual hydrated MVs 
Using AFM-PFQNM, high resolution morphological data was also acquired. In absence of Ca2+, 
MVs appeared as highly deformable spheroidal particles with one well-defined peak on the surface 
(Figure 3A, panels i–ii). Greater deformation was observed on and around these peaks relative to 
surrounding regions of the vesicles (Figure S5, panels i–ii). Slight inward puckering of the 
membrane surrounding the peak was observed in the cross sections of most of the MV Neat 
vesicles but was less evident or absent in the MV+Ca2+ vesicles (Figure 3B, panels i-ii versus iii-
iv). After 24 h incubation with Ca2+, MV+Ca2+ vesicles exhibited higher elastic moduli (lower 
deformation) compared to the MV Neat vesicles (Figure S5, panels iii–iv). Additionally, a well-
defined peak was not visible in all of the vesicles (Figure 3B, panel iv). When a peak was observed 
in a MV+Ca2+ vesicle, it showed greater elastic modulus (lower deformation) relative to 
surrounding regions of the vesicle (Figure S5, panel iii). MV+Ca2+ vesicles without a defined peak 
exhibited a very high elastic modulus (extremely low deformation) relative to all other measured 
MVs (Figure 3B, panel iv, and Figure S5, panel iv). 
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Figure 3. Morphological characterization of different MVs before and after mineralization by 
AFM-PFQNM. (A) Height maps of representative MVs arranged in the order that mineralization 
is expected to proceed. The hollow markers correspond to the elastic modulus data points in Figure 
2C. An intense peak believed to be the NC is indicated in panel i. (B) Two-dimensional cross 
sections of MVs taken across the maximum height of each vesicle. The arrows in (A) show the 
direction of each cross-sectional measurement. 
 
3.5. TEM-EDX measurements of dried MVs to assess extent of mineralization 
MVs were incubated in SCL devoid of or supplemented with 2 mM Ca2+ at 37ºC for 24 h and 
dried. TEM images showed distorted and aggregated discoidal particles with diameters of 
approximately 100–300 nm (Figure 4A), which is consistent with previous TEM imaging of MVs 
[4, 5]. These electron micrographs orthogonally confirm the presence and activity of MVs under 
both experimental conditions. In the absence of Ca2+, ~20% of the MVs were devoid of electron 
dense material, whereas the remaining MVs exhibited either electron dense deposits anchored to 
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the inner leaflet of the membrane (~40%) or were completely filled with electron dense material 
(~40%) (Figures 4A and B). After incubation with Ca2+, the frequency of completely filled MVs 
increased to more than 80%, which suggests the sequestration of Ca2+ and Pi in the MV lumen and 
the maturation of the NC (Figures 4A and B). TEM-EDX analysis showed that the Ca/P ratio of 
MVs significantly increased from ~0.1 to ~0.6 after incubation with Ca2+ (Figure 4C).  
 
Figure 4. Characterization of NC mineralization by TEM-EDX analyses of dried MVs. MVs were 
incubated in SCL devoid of Ca2+ (MV Neat) or supplemented with 2 mM Ca2+ (MV+Ca2+) for 24 
h, then dried and analyzed by means of TEM-EDX. (A) TEM images (scale bars are 500 nm) of 
MVs devoid of, partially filled with, and fully filled with mineral deposits (arrows with labels). 
(B) Frequency of MVs devoid of (white area), partially filled with (grey area), and fully filled with 
(black area) mineral deposits. (C) The Ca/P ratio of mineral deposits found in MVs incubated in 
SCL devoid of Ca2+ (MV Neat, hatched area) or supplemented with 2 mM Ca2+ (MV+Ca2+, 
crosshatched area) as measured by TEM-EDX. 
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3.6. FTIR measurements of dried MVs to determine the presence and crystallinity of 
contained apatites  
The FTIR spectrum of the MV+Ca2+ sample showed characteristic apatite bands located at 633, 
600, and 559 cm-1 (Figure 5) [9]. In contrast, the spectrum of the MV Neat sample showed only a 
weak band at 600 cm-1, which suggests that there is only a small amount of apatite material present 
within these vesicles. The apatite bands at 1090, 1022, and 962 cm-1 were not clearly visible in the 
FTIR spectra of either sample because of overlap with a broad absorption band at 1043 cm-1 (P-
O-C) that is characteristic of the vesicle membrane phospholipids. Therefore, the MV Neat 
spectrum was subtracted from the MV+Ca2+ spectrum to negate the background contribution of 
phospholipids, phosphate groups, and other MV components. After amplification by a factor of 4, 
the background-subtracted MV+Ca2+ spectrum displayed the characteristic absorption bands seen 
in the crystalline hydroxyapatite control (Figure 5). 
 
Figure 5. Characterization of NC mineralization by FTIR measurements of dried MVs. MVs were 
incubated in SCL devoid of Ca2+ (MV Neat) or supplemented with 2 mM Ca2+ (MV+Ca2+) for 24 
h, then dried and analyzed by means of FTIR. The top trace is the spectrum for MV+Ca2+ after 
background subtraction of the MV Neat sample and subsequent amplification by a factor of four 
to better resolve the peaks. The spectrum of crystalline hydroxyapatite is reported as a control. All 
FTIR spectra were averaged from at least three independent samples. 
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4. DISCUSSION 
According to a biphasic model for MV-driven mineralization, the ability of MVs to induce the 
formation of crystalline apatites resides in the presence of the nucleation core (NC) in the lumen 
of nascent vesicles [1]. The formation of the NC is thought to begin in the perimeter of mineral-
competent cells with complexes of Ca2+, Pi, and PS (PS-CPLX) formed on the inner leaflet of the 
plasma membrane and incorporated into MVs when they bud off from the cells [1, 52]. Following 
MV release from cells, Ca2+ and Pi adsorb onto the vesicle membrane and move into the lumen 
through Annexin V [30, 31, 53, 54] and Na-Pi transporters [29], respectively. Pi can be also directly 
produced intravesicularly by PHOSPHO1 and ATPases [29]. At this stage, amorphous clusters of 
Ca2+ and Pi ions (ACP) are rapidly formed in the vesicle lumen. These clusters are the major 
component of the NC and mediate further Ca2+ and Pi uptake by MVs (induction phase) [13]. When 
sufficient Ca2+ and Pi have accumulated within the vesicle, Ca2+-Pi minerals begin to convert into 
ordered apatite structures. Finally, apatite crystals penetrate the vesicles membrane assisted by the 
action of phospholipases and are exposed to the extravesicular environment where they form 
mineral clusters and interact with collagen fibers in the extracellular matrix [1, 2]. This model has 
been substantiated by means of imaging (TEM and AFM) and spectroscopic (FTIR, FT-Raman, 
and XRD) approaches on growth plate cartilage tissues, collagenase-released MVs, and isolated 
NC [1-4, 11-13]. AFM operated in both topography and phase imaging modes in air was recently 
used by our research group to assess the surface morphology and lumen content of dried MVs [29]. 
Phase images validated the presence of the NC in the vesicle lumen and provided qualitative 
information of the differences in the viscoelastic properties between the inorganic phase of the NC 
(the ACP complexes) and the surrounding regions rich in lipids and proteins. Although these 
reports gave exhaustive information about the physicochemical properties of the first mineral 
phase (the NC) and the mineral deposits formed in the MVs at the end of the induction phase, they 
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employed dried samples and cannot provide indications about the dynamic processes of crystal 
formation inside MVs in a hydrated state. Additionally, these studies did not unambiguously show 
that apatites were not also formed outside of the MVs.  
Herein, we utilized recent innovations in AFM instrumentation, software, and probe 
nanofabrication to acquire topographical and quantitative nanomechanical characteristics of 
individual MVs in fluid at nanoscale resolution [16-28, 41]. By using AFM-PFQNM, we provided 
direct experimental evidence of the changes in the morphology and physical properties of the NC 
induced by the accumulation of Ca2+ in hydrated MVs. These data showed that MVs immersed in 
a non-mineralizing buffer (SCL devoid of Ca2+) were spheroidal with an elastic modulus of 230 ± 
90 kPa and a well-defined surface peak. Addition of a mineralization trigger led to more than a 
four-fold increase in the vesicle elastic modulus and the obfuscation or disappearance of the well-
defined surface peak. This punctate feature is the NC in a relatively immature, less-mineralized 
state. As it further mineralizes and matures in the presence of Ca2+, it grows and occupies much of 
the MV lumen, loses its punctate appearance, and the elastic modulus greatly increases. This 
suggests the NC matures from an amorphous phase (lower elastic modulus) to a more-crystalline 
phase (higher elastic modulus). Since the isolated MVs undoubtedly had some Ca2+ exposure 
within the chicken embryos, we expect that the samples in both non-mineralizing and mineralizing 
conditions contain a distribution of MVs at various stages of mineralization. This enabled us to 
arrange, as determined by modulus and morphology, the different MVs of Figure 3 in the sequence 
by which we expect normal mineralization to proceed. Despite similarities in morphology, 
particularly between the vesicles in panels ii and iii (Figure 3), the elastic moduli of these vesicles 
are very different (Figure 2, hollow markers). The increase in size and elastic modulus of MVs 
after addition of Ca2+ supports the prevailing hypothesis that Ca2+-Pi complexes grow within MVs 
until they are released [4]. This hypothesis was further supported by DLS data showing that the 
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hydrodynamic diameter of MVs significantly increased after incubation with Ca2+, but that the zeta 
potential was unchanged (Figure 2). Since Ca2+-Pi complexes typically exhibit a highly negative 
zeta potential (< –14 mV) [55] and zeta potential is a function of surface charge [56, 57], these 
data suggest that the complexes form inside of the MVs, which causes the vesicles to swell in size. 
If the Ca2+-Pi complexes were forming on the outer membrane leaflet of the MVs, then we would 
expect a decrease in the zeta potential of the MV+Ca2+ sample relative to the MV Neat sample, 
which was not observed. 
The functionality of MVs under non-mineralizing conditions (MV Neat) was validated by 
showing enzymatic activity of TNAP in the MV membrane. Several lipids and proteins of the MV 
membrane mediate the interactions of MVs with the ECM and regulate both phases of MV-
mediated mineralization [54]. Among these proteins, TNAP, when reconstituted in MV-
biomimetic proteoliposomes, showed the ability to induce mineralization even in the absence of 
an intraluminal mineral nucleators [58]. A significant decrease in TNAP activity was observed in 
the presence of calcium (MV+Ca2+) (Figure 1B), which is consistent with functional MVs [50]. 
The Mg2+ co-factor of TNAP can be substituted by Ca2+, thus modulating enzymatic activity of 
TNAP. During skeletal mineralization, the building Ca2+ gradient first activates TNAP, but then 
gradually inactivates it at high Ca2+ concentrations and toward completion of mineralization [50, 
51].  
The DLS and AFM-PFQNM data were substantiated and complemented by TEM-EDX (Figure 
4) and FTIR (Figure 5) analyses of dried vesicles. These data showed that MVs dispersed in SCL 
devoid of Ca2+ were partially filled with electron dense material, which was mostly anchored to 
the inner leaflet of the vesicles, and do not display the distinct FTIR spectroscopic features of 
hydroxyapatite crystals. This validates the presence of a NC composed of amorphous Ca2+-Pi 
complexes in the MV lumen. After incubation with Ca2+, the vesicles increased in size, became 
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filled with electron dense material, and showed a significant increase in the Ca/P ratio of the 
contained material. Additionally, the background-corrected MV+Ca2+ FTIR spectrum showed 
distinct orthophosphate (P-O) absorption bands in the 650–550 cm-1 and 1100–950 cm-1 regions, 
which are characteristic of hydroxyapatite crystals. Collectively, these results are consistent with 
our conclusions from DLS and AFM-PFQNM and suggest that, after incubation with Ca2+, the 
amorphous NC matured into larger and more crystalline Ca2+-Pi complexes. 
 
5. CONCLUSIONS 
We showed the maturation of the NC inside the MVs by measuring the nanomechanical 
properties of individual vesicles – and their contained mineral deposits – by AFM-PFQNM. 
Supporting evidence of this maturation was provided by various physicochemical characterization 
techniques. Additionally, we discovered morphological differences of MVs at various stages of 
mineralization and applied zeta potential data to confirm that the Ca2+-Pi complexes are indeed 
forming within the MVs. The advantage of this approach based on DLS and AFM-PFQNM 
methods is that the MVs remained hydrated and functional within physiologically relevant 
conditions. In future studies, we plan to dynamically track the mineralization and mineral release 
process by continuous AFM-PFQNM imaging of individual MVs. We envision that this approach 
will help detect any morphological or kinetic differences in NC maturation of MVs and related 
vesicles released during both physiological and pathological processes. This has relevance to bone 
tissue regeneration; the formation of atherosclerotic deposits, arterial calcifications, breast 
microcalcifications, and osteoarthritic calcifications; the growth and metastasis of osteo- and 
chondrosarcomas; and the mineral loss associated with osteoporosis. 
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